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It is widely believed that antiangiogenic agents causing regression of tumor vessels reduce the blood supply to tumors, and thus starve them of oxygen and nutrients.[1](#cas12836-bib-0001){ref-type="ref"} Because this leads to tumor hypoxia and decreases tumor blood perfusion, antiangiogenic therapy would be anticipated to render many chemotherapy and radiotherapy schedules less effective.[2](#cas12836-bib-0002){ref-type="ref"} However, paradoxically, emerging data suggest that antiangiogenic agents enhance rather than diminish the anticancer effects of radiation or chemotherapy both in mice[3](#cas12836-bib-0003){ref-type="ref"}, [4](#cas12836-bib-0004){ref-type="ref"}, [5](#cas12836-bib-0005){ref-type="ref"} and humans.[6](#cas12836-bib-0006){ref-type="ref"} Therefore, a new concept has emerged that antiangiogenic therapy transiently normalizes abnormal tumor vasculature both structurally and functionally.[7](#cas12836-bib-0007){ref-type="ref"}, [8](#cas12836-bib-0008){ref-type="ref"} These normalized vessels are less leaky, less dilated, and less tortuous, with a more normal basement membrane and greater coverage by pericytes.[7](#cas12836-bib-0007){ref-type="ref"}, [8](#cas12836-bib-0008){ref-type="ref"} Therefore, delivery of cancer drugs is improved by the normalization of permeability and radiotherapy can act more effectively by the oxygenation of the tumor microenvironment where blood perfusion is induced.[7](#cas12836-bib-0007){ref-type="ref"}, [8](#cas12836-bib-0008){ref-type="ref"}, [9](#cas12836-bib-0009){ref-type="ref"}, [10](#cas12836-bib-0010){ref-type="ref"}, [11](#cas12836-bib-0011){ref-type="ref"} A better understanding of the vessel normalization time window would aid in the design of optimal scheduling for combination therapies.[7](#cas12836-bib-0007){ref-type="ref"}, [8](#cas12836-bib-0008){ref-type="ref"} However, there are currently no reliable predictors or markers for identifying the tumor vessel normalization window during antiangiogenic therapy.

Apelin, first isolated from bovine stomach tissue extracts in 1998, has been identified as the endogenous ligand of APJ, a G‐protein‐coupled receptor that had been considered an orphan receptor for many years.[12](#cas12836-bib-0012){ref-type="ref"}, [13](#cas12836-bib-0013){ref-type="ref"} Apelin/APJ signaling regulates a wide range of physiological and pathological actions on cardiovascular function,[14](#cas12836-bib-0014){ref-type="ref"}, [15](#cas12836-bib-0015){ref-type="ref"}, [16](#cas12836-bib-0016){ref-type="ref"} fluid homeostasis,[17](#cas12836-bib-0017){ref-type="ref"}, [18](#cas12836-bib-0018){ref-type="ref"} glycolipid metabolism,[19](#cas12836-bib-0019){ref-type="ref"}, [20](#cas12836-bib-0020){ref-type="ref"} HIV pathology,[21](#cas12836-bib-0021){ref-type="ref"} and also on the vasculature.[22](#cas12836-bib-0022){ref-type="ref"}, [23](#cas12836-bib-0023){ref-type="ref"}, [24](#cas12836-bib-0024){ref-type="ref"}, [25](#cas12836-bib-0025){ref-type="ref"}, [26](#cas12836-bib-0026){ref-type="ref"} Apelin is overexpressed in several human cancers including glioblastoma multiforme,[27](#cas12836-bib-0027){ref-type="ref"} colon adenocarcinoma,[28](#cas12836-bib-0028){ref-type="ref"} non‐small‐cell lung cancer,[29](#cas12836-bib-0029){ref-type="ref"} oral squamous cell carcinoma,[30](#cas12836-bib-0030){ref-type="ref"} prostate cancer,[31](#cas12836-bib-0031){ref-type="ref"} and hepatocellular carcinoma.[32](#cas12836-bib-0032){ref-type="ref"} High levels of apelin expression are associated with poor prognosis in numerous cancer types.[29](#cas12836-bib-0029){ref-type="ref"}, [30](#cas12836-bib-0030){ref-type="ref"}, [31](#cas12836-bib-0031){ref-type="ref"} Hypoxia, a major feature of solid tumors, can promote malignant progression by enhancing the invasive and metastatic potential of cancer cells and can trigger tumor angiogenesis by stimulating the secretion of proangiogenic factors such as vascular endothelial growth factor (VEGF).[33](#cas12836-bib-0033){ref-type="ref"}, [34](#cas12836-bib-0034){ref-type="ref"} A hypoxia response element/hypoxia‐inducible factor‐1α (HIF‐1α) binding site is located within the first intron of the apelin gene, and it has been reported that apelin expression induced by hypoxia is mediated by HIF‐1α.[35](#cas12836-bib-0035){ref-type="ref"}

Antiangiogenic agents decrease rather than increase hypoxia during the time window of tumor vascular normalization.[36](#cas12836-bib-0036){ref-type="ref"} However, sustained antiangiogenic therapy eventually leads to excess tumor vessel regression and worsens tumor hypoxia.[36](#cas12836-bib-0036){ref-type="ref"}, [37](#cas12836-bib-0037){ref-type="ref"} Therefore, we hypothesized that apelin expression would be transiently decreased during the vessel normalization window and restored again at the time of excess tumor vessel regression which is mediated by tumor hypoxia during antiangiogenic therapy. In the present study, an ectopically transplanted human colorectal adenocarcinoma (HT29) was used as the tumor model. We analyzed whether an antiangiogenic agent normalizes tumor vasculature in this model, and related this to how apelin expression is altered in the tumor microenvironment after such treatment.

Materials and Methods {#cas12836-sec-0002}
=====================

Cell line {#cas12836-sec-0003}
---------

The HT29 human colorectal adenocarcinoma cell line was purchased from ATCC (Manassas, VA, USA). Cells were cultured in RPMI‐1640 (Sigma, St. Louis, MO, USA) supplemented with 10% FBS (Equitech‐Bio, Kerrville, TX, USA) and 1% penicillin/streptomycin (Invitrogen, Carlsbad, CA, USA). Cells were routinely maintained in 5% CO~2~ and 95% air at 37°C.

Mouse xenografts {#cas12836-sec-0004}
----------------

6 or 8‐week‐old female KSN nude mice (SLC, Shizuoka, Japan) were injected s.c. in the right flank with 1 × 10^6^ HT29 cells in a volume of 100 μL PBS. Tumor volumes were measured in two dimensions with calipers and calculated with the formula (*L* × *W* ^2^) × 0.5, where *L* is length and *W* is width of the tumor. Mice were housed in environmentally controlled rooms of the animal experimentation facility approved by the Animal Care Committee of Osaka University (Osaka, Japan). All experiments were carried out in accordance with the guidelines of Osaka University Committee for animal and recombinant DNA experiments.

Drug administration and study design {#cas12836-sec-0005}
------------------------------------

For treatment with bevacizumab (humanized anti‐VEGF mAb; Genentech South San Francisco, CA), when tumors reached a volume of 45--55 mm^3^, mice were given a single i.p. injection of 5 mg/kg (designated as day 0). In order to study the time course of the effects of bevacizumab, mice were killed at days 1, 3, 5, or 8 after bevacizumab injection (*n *= 3 per time point). The experiment was carried out in duplicate. For combination treatment, a single i.p. injection of 5 mg/kg bevacizumab was given when tumors reached 45--55 mm^3^ to induce vessel normalization before treatment with 5‐fluorouracil (5‐FU; Kyowa Kirin, Tokyo, Japan). Treatment with suboptimal doses of 5‐FU (i.p., 20 mg/kg every day) for 5 days began 1 day after starting bevacizumab. Control mice were injected with saline. Therapeutic efficacy was evaluated by measuring tumor growth.

Immunofluorescence {#cas12836-sec-0006}
------------------

Dissected tumor tissues were immediately fixed in 4% paraformaldehyde overnight and embedded in Tissue‐Tek OCT compound (Sakura Finetek, Tokyo, Japan), and sections of several thicknesses (8--12 μm) were prepared. For the determination of tumor vessel density, sections were incubated with a mAb against the endothelial cell‐specific marker CD31 (1:200; BD Pharmingen, Franklin Lakes, NJ, USA), followed by an anti‐rat IgG Alexa Fluor 488 or 546 secondary antibody (1:400; Invitrogen). For the staining of α‐smooth muscle actin (α‐SMA)‐positive mesenchymal cells, sections were incubated with Cy3‐conjugated mouse anti‐α‐SMA antibody (1:400; Sigma).

Tumor hypoxia {#cas12836-sec-0007}
-------------

To examine hypoxia, mice were given the hypoxia marker pimonidazole HCL (60 mg/mL) (Hypoxyprobe‐1 Plus Kit; Hypoxyprobe, Burlington, MA, USA) i.p. 2 h before they were killed. Pimonidazole is reductively activated in hypoxic cells that have a pO~2~ level ≤10 mmHg and forms stable adducts with thiol groups in proteins, peptides, and amino acids. The formation of pimonidazole protein adducts was detected by FITC‐conjugated antibody (1:200) provided in the Hypoxyprobe‐1 Plus Kit.

Small molecule delivery {#cas12836-sec-0008}
-----------------------

Small molecule delivery was assessed by analyzing the distribution of low molecular weight fluorescent probe Hoechst 33342 (Sigma) into tumors.[38](#cas12836-bib-0038){ref-type="ref"} Mice were injected with Hoechst 33342 (40 mg/kg) into the tail vein 1 min prior to being killed. Sections were then examined under fluorescence microscopy.

Image acquisition and analysis {#cas12836-sec-0009}
------------------------------

Tumor sections were analyzed under a Leica DM5500 B upright microscope (Leica, Wetzlar, Germany). To assess vessel density and α‐SMA‐positive cell coverage of endothelial cells, images were taken from eight random fields per tumor section at 20× magnification and analyzed with NIH ImageJ software (<http://rsb.info.nih.gov/ij/>). Vessel density was determined by counting the number of CD31‐positive vessels per field. Vessels with the smallest luminal diameter still \>7 μm (the size of an erythrocyte) were defined as large vessels.[39](#cas12836-bib-0039){ref-type="ref"} The α‐SMA‐positive cell coverage was quantified as those vessels surrounded by α‐SMA‐positive areas per field. A vessel maturity index was calculated as the ratio of the α‐SMA‐positive area to the CD31‐positive area. To assess the fraction of tumor that was hypoxic and Hoechst 33342 delivery, images of the whole tumor section were captured at 5× magnification. Pimonidazole‐ and Hoechst 33342‐positive areas were quantified using NIH ImageJ software. The hypoxic fraction or Hoechst 33342‐positive fraction was calculated as the percentage of total tumor area. Necrotic areas were excluded.

Isolation and sorting of endothelial cells {#cas12836-sec-0010}
------------------------------------------

After resection, tumor or skin tissues were finely minced with scissors and sequentially digested with Dispase II (Godo Shusei, Chiba, Japan), collagenase type I (Wako, Osaka, Japan) and collagenase type II (Worthington Biochemical Corp., Lakewood, NJ, USA) in a 50‐mL tube. In each step the tube was incubated in a 37°C water bath for 15 min and then vigorously shaken for 10 min to dissolve the tissues. The final cell suspension was filtered through a 70‐μm strainer (BD Biosciences, Erembodegem, Belgium). Erythrocytes were lysed on ice in 1 mL ACK buffer (0.15 M NH~4~Cl, 10 mM KHCO~3~, and 0.1 mM Na~2~‐EDTA) for 10 min. Cells were resuspended and then stained with FITC‐conjugated anti‐CD31 mAb and phycoerythrin‐conjugated anti‐CD45 mAb (BD Pharmingen). CD31^+^CD45^−^ ECs were sorted using a FACSAria (BD Biosciences, San Diego, CA).

Real‐time quantitative PCR {#cas12836-sec-0011}
--------------------------

Total RNA was extracted from tumor tissues or ECs with the RNeasy Mini Kit (Qiagen, Hilden, Germany) according to the manufacturer\'s instructions. Total RNA was converted to cDNA by RT with the PrimeScript RT reagent Kit (Takara, Kyoto, Japan). Complementary DNA was used in real‐time quantification with Platinum SYBR green qPCR SuperMix‐UDC (Invitrogen) and the program was run on an Mx3000P QPCR System (Stratagene, La Jolla, CA, USA). All reactions were run in duplicate. Each target gene was quantified relative to the expression of the reference gene (*GAPDH*). Primer sequences of the reference and target genes were as follows: mouse *GAPDH*, 5′‐TGG CAA AGT GGA GAT TGT TGC C‐3′ (forward), 5′‐AAG ATG GTG ATG GGC TTC CCG‐3′ (reverse); mouse *Apelin*, 5′‐GTG CCC TCC CGG TGC CGG TCT CT‐3′ (forward), 5′‐GAG ACC ACG CCA TTA GAG GAA CT‐3′ (reverse). Fold‐changes were calculated using the comparative CT method.

Protein extraction and Western blot analysis {#cas12836-sec-0012}
--------------------------------------------

Tumor tissues were lysed with RIPA lysis buffer (Santa Cruz Biotechnology, Santa Cruz, CA, USA). Protein concentrations were measured using BCA protein assay kits (Takara). Proteins were electrophoretically separated on 7.5% SDS‐PAGE gels. Forty micrograms of protein were loaded per lane. Proteins were then transferred to PVDF membranes, and Western blotting carried out to detect HIF‐1α. Anti‐HIF‐1α mouse monoclonal IgG2b (1:500, NB100‐105; Novus Biologicals, Littleton, CO, USA) was used as the primary antibody. Anti‐mouse IgG‐HRP (1:1000; Jackson ImmunoResearch Laboratories, West Grove, PA, USA) was used as the secondary antibody. Horseradish peroxidase was detected with the ECL system (Amersham Biosciences, GE Healthcare, Diegem, Belgium) using an imaging densitometer LAS‐3000 mini system (Fujifilm, Kanagawa, Japan).

Plasma apelin ELISA {#cas12836-sec-0013}
-------------------

Blood was collected in test tubes with EDTA. Samples were centrifuged at 2000 `g` for 15 min and stored at −80°C until analysis. Levels of apelin in plasma were measured using the Apelin‐12 Extraction‐Free EIA Kit (Human, Rat, Mouse; Phoenix Pharmaceuticals, Burlingame, CA, USA) according to the manufacturer\'s instructions.

Statistical analysis {#cas12836-sec-0014}
--------------------

Data are expressed as mean ± SEM. The principal statistical test was Student\'s *t*‐test (two tailed). *P* \< 0.05 was considered to be statistically significant.

Results {#cas12836-sec-0015}
=======

Bevacizumab delays tumor growth {#cas12836-sec-0016}
-------------------------------

To determine the time window for tumor vessel normalization in the HT29 xenograft tumor model, mice received a single i.p. injection of 5 mg/kg bevacizumab when the tumor volume reached 45--55 mm^3^ following inoculation of cancer cells. Tumors were then harvested 1, 3, 5, and 8 days after bevacizumab treatment (Fig. [1](#cas12836-fig-0001){ref-type="fig"}a) and analyzed as described below. A single injection of bevacizumab significantly delayed tumor growth at day 3 (72.77 ± 6.6 *vs* 90.9 ± 10.5 mm^3^, *P *= 0.038), day 5 (88.8 ± 9.2 *vs* 124.7 ± 12.7 mm^3^, *P *= 0.026), and day 8 (106.5 ± 9.8 *vs* 182.07 ± 20.2 mm^3^, *P *= 0.0036), suggesting that bevacizumab alone has antitumor effects in the HT29 xenograft tumor model (Fig. [1](#cas12836-fig-0001){ref-type="fig"}b).

![Effect of bevacizumab on tumor growth. (a) Schematic representation of the study design. HT29‐bearing mice received a single injection of bevacizumab (5 mg/kg) when tumor volume reached 45--55 mm^3^. Evaluation of tumor vessel structure and function was carried out on days 1, 3, 5, and 8. (b) Quantitative evaluation of tumor growth on treatment with bevacizumab (*n* = 3 per time point) and saline (*n* = 3). Bevacizumab treatment significantly delayed tumor growth at days 3 (*P *= 0.038), 5 (*P *= 0.026), and 8 (*P *= 0.0036). Data are mean ± SEM. \**P* \< 0.05; \*\**P* \< 0.01.](CAS-107-36-g001){#cas12836-fig-0001}

Bevacizumab reduces vessel density and remodels vessel morphology {#cas12836-sec-0017}
-----------------------------------------------------------------

To evaluate the effect of bevacizumab on tumor vessel morphology, tumor sections were stained with the endothelial cell‐specific marker CD31 and/or α‐SMA, a pericyte marker. CD31 staining revealed that vessels in control tumors were more dilated and tortuous than vessels in bevacizumab‐treated tumors (Fig. [2](#cas12836-fig-0002){ref-type="fig"}a,b). There was no significant difference in vessel density between the bevacizumab‐treated tumors at day 1 and control tumors (38.29 ± 1.63 *vs* 38.95 ± 2.29 *n*/field), but a significant decrease in vessel density was observed at day 3 (30.20 ± 1.82 *n*/field, *P *= 0.006), which persisted at day 5 (21.00 ± 1.08 *n*/field, *P *= 0.0002), and day 8 (14.5 ± 1.125 *n*/field, *P *= 0.00007) after bevacizumab treatment (Fig. [2](#cas12836-fig-0002){ref-type="fig"}a,c).

![Effect of bevacizumab on vessel density and vessel morphology. (a) Representative images of HT29 tumor sections from control (day 0, *n* = 3) and bevacizumab‐treated groups (day 1, 3, 5, and 8, *n* = 3). Sections were stained with anti‐CD31 antibody (red). Magnification, ×20. Scale bar = 50 μm. (b) Representative images of tumor vessels of day 0 and day 8. Tumor vessels were collapsed (arrows) in the central region but dilated (asterisks) again in the periphery of the tumors at day 8. Magnification, ×5. Scale bar = 200 μm. (c,d) Quantification of vessel density (c) and large vessel density (d). Eight random fields were assessed. Large vessels refer to vessels with their smallest luminal diameter larger than the size of an erythrocyte (≥7 μm). All quantitative data are mean ± SEM. \**P *\< 0.05; \*\**P* \< 0.01; \*\*\**P *\< 0.001.](CAS-107-36-g002){#cas12836-fig-0002}

In contrast, the number of dilated vessels (defined as large vessel density) was significantly decreased in bevacizumab‐treated tumors at day 1 (1.73 ± 0.38 *n*/field, *P *= 0.007), day 3 (0.95 ± 0.19 *n*/field, *P *= 0.001), and day 5 (0.83 ± 0.14 *n*/field, *P* = 0.0008) compared with the control tumors (3.5 ± 0.5 *n*/field) (Fig. [2](#cas12836-fig-0002){ref-type="fig"}a,d). However, at day 8 (2.1 ± 0.64 *n*/field, *P *= 0.04), vessels were collapsed in the central region but dilated again in the periphery of the tumors, compared with vessels at days 3 and 5. (Fig. [2](#cas12836-fig-0002){ref-type="fig"}b,d). On day 10 after bevacizumab treatment, vascular density was less abundant compared to that observed in tumors on day 8 (data not shown).

Next, we studied the α‐SMA‐positive cells covering the blood vessels in tumors. As shown in Figure [3](#cas12836-fig-0003){ref-type="fig"}(a), α‐SMA‐positive cells were frequently observed at the perivascular area in HT29 xenograft tumors before treatment with bevacizumab (day 0); however, they were not tightly adhered to the endothelial cells (Fig. [3](#cas12836-fig-0003){ref-type="fig"}a). After treatment with bevacizumab, the α‐SMA‐positive cells showed a more uniform distribution and came into closer contact with endothelial cells than in control tumors at days 3 and 5 (Fig. [3](#cas12836-fig-0003){ref-type="fig"}a,b). However, at day 8, as the number of blood vessels decreased (Fig. [2](#cas12836-fig-0002){ref-type="fig"}a,b), the number of α‐SMA‐positive cells also decreased (Fig. [3](#cas12836-fig-0003){ref-type="fig"}a,b). We defined blood vessels with adherent α‐SMA‐positive cells as mature blood vessels and calculated a vessel maturity index as the ratio of the α‐SMA‐positive area to the CD31‐positive area. This vessel maturity index significantly increased at days 3 and 5 due to the decrease of CD31 staining and slight increase of α‐SMA staining, although the latter was not statistically significant (Fig. [3](#cas12836-fig-0003){ref-type="fig"}b,c). These findings suggest that bevacizumab can transiently normalize tumor vessel morphology, as judged by less dilation and more α‐SMA‐positive cell accumulation near endothelial cells.

![Effect of bevacizumab on pericyte coverage. (a) Tumor sections from control mice (day 0, *n* = 3) and bevacizumab‐treated mice (day 1, 3, 5, and 8, *n* = 3) were stained with anti‐CD31 antibody (green) and anti‐α‐smooth muscle actin (α‐SMA) antibody (red). Magnification, ×20. Scale bar = 50 μm. (b) Quantification of α‐SMA‐positive areas around CD31‐positive blood vessels per field. Data represent the mean ± SEM. \**P *= 0.019. (c) Vessel maturity index is the ratio of α‐SMA‐positive areas to CD31‐positive areas. A significant increase in vessel maturity index in bevacizumab‐treated tumors was observed at days 3 (*P *= 0.007) and 5 (*P *= 0.0004), slightly restored by day 8 (*P *= 0.076). Eight random fields were assessed. All quantitative data are mean ± SEM. \**P* \< 0.05; \*\**P* \< 0.01; \*\*\**P *\< 0.001.](CAS-107-36-g003){#cas12836-fig-0003}

Bevacizumab improves tumor hypoxia and Hoechst 33342 delivery {#cas12836-sec-0018}
-------------------------------------------------------------

The morphological changes of tumor blood vessels following anti‐angiogenic treatment would be expected to be accompanied by functional changes. Therefore, we assessed vessel function regarding tumor oxygenation and small molecule delivery. Evaluating hypoxia by pimonidazole staining, we found that tumor hypoxia was significantly reduced at days 3 and 5, especially at day 5, but increased again at day 8 after bevacizumab treatment (Fig. [4](#cas12836-fig-0004){ref-type="fig"}a,b). Hoechst 33342 (Hoechst), a low molecular weight fluorescent DNA binding dye, can be used as a marker of tumor perfusion[37](#cas12836-bib-0037){ref-type="ref"} as well as to determine vessel leakage.[40](#cas12836-bib-0040){ref-type="ref"} Here, we analyzed the delivery and distribution of Hoechst 33342 to evaluate vessel function.[38](#cas12836-bib-0038){ref-type="ref"} In line with the published data, the Hoechst and pimonidazole staining showed an inverse relationship.[41](#cas12836-bib-0041){ref-type="ref"} There was a significant increase in dye delivery into tumor parenchyma between days 3 and 5 after bevacizumab treatment. At day 5, in particular, bevacizumab‐treated tumors showed a more homogeneous distribution of the dye, compared to its low, heterogeneous distribution in control tumors. However, the delivery of Hoechst dye was significantly impaired at day 8 and it was mostly observed in the periphery of the tumors (Fig. [4](#cas12836-fig-0004){ref-type="fig"}a,c). These data indicate that bevacizumab normalizes tumor vessels, resulting in an improvement in vessel function at days 3 and 5 post‐treatment in this HT29 tumor xenograft model.

![Effect of bevacizumab on tumor hypoxia and Hoechst dye delivery. (a) Representative immunofluorescence images of Hoechst 33342 (blue) and hypoxia marker pimonidazole stained area (green) in sections from control mice (day 0, *n* = 3) and bevacizumab‐treated mice (days 1, 3, 5, and 8, *n* = 3). Images were scanned at ×5 magnification. Scale bar = 200 μm. (b) Quantification of pimonidazole‐positive areas as a percentage of the whole tumor area. Hypoxia was significantly decreased at day 3 (*P *= 0.007) and day 5 (*P *= 0.003). Data were compared with day 0. Data represent the mean ± SEM. \*\**P *\< 0.01. (c) Quantification of Hoechst‐positive areas as a percentage of the whole tumor area. Hoechst delivery was significantly increased in bevacizumab‐treated tumors at days 3 (*P *= 0.02) and 5 (*P *= 0.01), but decreased at day 8 (*P *= 0.005). All quantitative data are mean ± SEM. \**P* \< 0.05; \*\**P* \< 0.01.](CAS-107-36-g004){#cas12836-fig-0004}

Bevacizumab increases the efficacy of chemotherapy {#cas12836-sec-0019}
--------------------------------------------------

It has been suggested that changes of vessel structure and function could enhance the efficacy of chemotherapy.[7](#cas12836-bib-0007){ref-type="ref"}, [8](#cas12836-bib-0008){ref-type="ref"} Therefore, we explored the effect of combined treatment with bevacizumab and 5‐FU on HT29 xenograft growth. We divided mice into four groups when tumor volumes reached 45--55 mm^3^ after tumor cell inoculation as follows: (i) control; (ii) bevacizumab only; (iii) 5‐FU only; and (iv) bevacizumab plus 5‐FU. For combination treatment, bevacizumab was injected 1 day prior to the administration of 5‐FU to induce vessel normalization. 5‐Fluorouracil was then injected daily for 5 days after bevacizumab treatment (Fig. [5](#cas12836-fig-0005){ref-type="fig"}a). As shown in Figure [5](#cas12836-fig-0005){ref-type="fig"}(b,c), the combination of bevacizumab with 5‐FU increased the anticancer effect on HT29 xenografts compared with 5‐FU or bevacizumab monotherapy, suggesting that normalization of vessels by bevacizumab improves 5‐FU delivery, in line with the observed increased Hoechst dye delivery.

![Effect of bevacizumab on tumor chemosensitivity. (a) Schematic representation of combined therapy schedule. (b) Representative images of HT29 tumors resected from mice of control, bevacizumab (Bev) alone, 5‐fluorouracil (5‐FU) alone, and bevacizumab plus 5‐FU groups on day 10 (*n* = 3 per group). (c) Tumor growth curves. Tumor volume from animals treated with bevacizumab + 5‐FU was 92.99 ± 19.37 mm^3^ on day 10, compared with those from control, 5‐FU alone, and bevacizumab alone, which were 158.1 ± 13.29 mm^3^ (*P *= 0.0086), 143.19 ± 24.4 mm^3^ (*P *= 0.04), and 129.15 ± 16.54 mm^3^ (*P *= 0.06), respectively. Data represent mean ± SEM. \*\**P* \< 0.01.](CAS-107-36-g005){#cas12836-fig-0005}

Apelin expression is altered during the vessel normalization time window {#cas12836-sec-0020}
------------------------------------------------------------------------

It has been reported that apelin is overexpressed in human colon adenocarcinomas.[28](#cas12836-bib-0028){ref-type="ref"} Apelin expression has been reported to increase in endothelial cells under hypoxia.[35](#cas12836-bib-0035){ref-type="ref"} In our model, we could not detect apelin mRNA in tumor cells sorted from tumor tissues (data not shown). We found that apelin mRNA expression was overexpressed in endothelial cells of tumor tissues compared to those of normal skin tissues; however, there were no significant changes in apelin mRNA expression after growth of HT29 tumor (Fig. [6](#cas12836-fig-0006){ref-type="fig"}a). To investigate whether apelin can be used as a marker to determine the vessel normalization window, we then assessed changes in apelin expression in tumor tissues and plasma at days 0, 5, and 8 after bevacizumab treatment. Apelin mRNA expression was decreased at day 5 but restored to the control levels at day 8 (Fig. [6](#cas12836-fig-0006){ref-type="fig"}b). Plasma apelin levels were also significantly decreased at day 5 and increased again at day 8 after bevacizumab treatment (Fig. [6](#cas12836-fig-0006){ref-type="fig"}c).

![Apelin and hypoxia‐inducible factor‐1α (HIF‐1α) expression during the vessel normalization window. (a) Quantitative RT‐PCR analysis of mouse apelin mRNA expression in endothelial cells from growing tumor tissues (*n* = 3 each time point) and normal skin tissues (*n* = 3). Data are mean ± SEM. \*\**P* \< 0.01. W, weeks. (b) Quantitative RT‐PCR analysis of mouse apelin mRNA expression in tumors from control mice (day 0, *n* = 3) and bevacizumab‐treated mice (days 5 and 8, *n* = 3). Data are mean ± SEM. \*\**P* \< 0.01. (c) Quantitative evaluation of plasma apelin expression by ELISA. Blood samples were collected on days 0, 5, and 8. Data are mean ± SEM. \**P* \< 0.05. (d) Western blot analysis for HIF‐1α expression in tumor xenografts. GAPDH was used as an internal control.](CAS-107-36-g006){#cas12836-fig-0006}

Hypoxia regulates many genes, mediated by HIF‐1α;[33](#cas12836-bib-0033){ref-type="ref"} apelin expression is also induced through HIF‐1α.[35](#cas12836-bib-0035){ref-type="ref"} Therefore, we assessed changes in HIF‐1α mRNA and protein expression in tumors at days 0, 5, and 8 after bevacizumab treatment. There was no significant difference in HIF‐1α mRNA expression at any time point (data not shown), whereas, consistent with changes of apelin expression, the expression of HIF‐1α protein was significantly decreased at day 5, and increased again at day 8 after bevacizumab treatment (Fig. [6](#cas12836-fig-0006){ref-type="fig"}d). These data suggest that *apelin*, as a target gene of HIF‐1α, could be used as a marker to determine the tumor vasculature normalization window opened by antiangiogenic agents.

Discussion {#cas12836-sec-0021}
==========

In this report, we analyzed the usefulness of a biomarker to detect normalization of the tumor vasculature after treatment with an antiangiogenic agent. Using histological and functional methodology, we initially determined that our cancer cell inoculation xenograft model using HT29 human colon cancer cells was adequate for observing the normalization of tumor vasculature following treatment with bevacizumab. Based on the confirmation that our model is suitable to detect the normalization of tumor vasculature, we found that apelin is a candidate marker for monitoring tumor vascular normalization during antiangiogenic therapy.

In our colorectal tumor model, a single dose of bevacizumab treatment significantly reduced vessel density at day 3 and persisted throughout the study period of 8 days. This may due to bevacizumab\'s circulating half‐life of \~20 days.[42](#cas12836-bib-0042){ref-type="ref"} We did not determined the serum VEGF level; however, continuous vessel regression strongly suggests that VEGF levels were kept low by bevacizumab treatment.

To investigate the changes in vessel structure, we analyzed large vessel density[39](#cas12836-bib-0039){ref-type="ref"} and pericyte coverage after bevacizumab treatment. A significant decrease was observed in large vessel density, especially between days 3 and 5 after bevacizumab administration. Pericyte coverage increased at day 3 and 5 in bevacizumab‐treated tumors, although this change was not statistically significant. Vessel maturity index significantly increased at days 3 and 5, possibly due to the regression of immature blood vessels and a slight increase in the pericyte coverage after bevacizumab treatment. Angiopoietin‐1 (Ang‐1) has been shown to be involved in the recruitment of pericytes during the normalization window by DC101 (VEGFR2‐specific mAb) treatment in a human glioblastoma U87 orthotopical xenograft model.[36](#cas12836-bib-0036){ref-type="ref"} However, in our HT29 xenografts, no changes in Ang‐1 expression in the tumors were observed at any time points after bevacizumab treatment (data not shown). To investigate whether the vessel structure changes by bevacizumab treatment are accompanied by functional improvements, we analyzed the changes in tumor hypoxia and small molecule delivery. Tumor hypoxia was reduced at days 3 and 5 after bevacizumab treatment. Hoechst delivery was improved at the same time, and a similar observation was also made in HT29 xenografts.[39](#cas12836-bib-0039){ref-type="ref"} In addition, the distribution of Hoechst in bevacizumab‐treated tumors was more homogeneous compared with the control tumors, especially at day 5. Furthermore, a greater antitumor effect was observed when 5‐FU was given during the normalization window after bevacizumab treatment. All these observations suggest that vessel normalization occurred between days 3 and 5 after bevacizumab treatment. Consistent with much published data relating to bevacizumab treatment in rectal cancer,[43](#cas12836-bib-0043){ref-type="ref"} rhabdomyosarcoma,[44](#cas12836-bib-0044){ref-type="ref"} and other murine cancer models,[45](#cas12836-bib-0045){ref-type="ref"}, [46](#cas12836-bib-0046){ref-type="ref"} our data support the proposed concept of tumor vessel normalization by antiangiogenic therapy.[7](#cas12836-bib-0007){ref-type="ref"}, [8](#cas12836-bib-0008){ref-type="ref"}

Based on the original concept of tumor vascular disruption, much effort has been expended to identify predictive biomarkers for the inhibition of tumor growth focusing on the change in proangiogenic factors, including the level of expression of VEGF, placental growth factor, and interleukin‐6, and genotypes of VEGF or the VEGF receptor, and circulating endothelial progenitors.[9](#cas12836-bib-0009){ref-type="ref"} It has also been suggested that systemic hypertension can predict the efficacy of antiangiogenic treatment.[9](#cas12836-bib-0009){ref-type="ref"} However, hypertension may merely reflect toxicity for normal vessels, that is, hypertension is induced by the use of excessive amounts of antiangiogenic agents for patients who may achieve a good outcome.

Currently, it is widely accepted that normalization of the tumor vasculature by angiogenic inhibitors represents their major mode of action for tumor growth suppression when combined with anticancer drugs, by balancing the pro‐ and anti‐angiogenic factors in the tumor microenvironment.[7](#cas12836-bib-0007){ref-type="ref"}, [8](#cas12836-bib-0008){ref-type="ref"}, [9](#cas12836-bib-0009){ref-type="ref"}, [10](#cas12836-bib-0010){ref-type="ref"}, [11](#cas12836-bib-0011){ref-type="ref"} Therefore, there is now a requirement for a reliable marker to monitor when angiogenic inhibitors are acting as normalization factors for the tumor vasculature and thus to identify the correct time to treat the patient with anticancer drugs.

Several ways to monitor the normalization of tumor vasculature have been considered. One can directly observe morphological changes in vascularity in tumor biopsies before and after treatment with antiangiogenic agents by using histological methods. Such direct comparisons of tumor vascularity are feasible, but this is invasive and yields no information on vascular function. Other accepted ways to detect normalization of the tumor vasculature is to use dynamic MRI or computed tomography for direct imaging. Especially in the former, measurement of K^trans^ is useful to detect vascular permeability after treatment with antiangiogenic agents.[9](#cas12836-bib-0009){ref-type="ref"}

There are no established ways to detect normalization of the tumor vasculature using only a blood sample (serum or plasma). It has been suggested that the serum level of soluble VEGFR, that is, the sFlt1 level, may be a marker for predicting the efficacy of antiangiogenic therapy.[47](#cas12836-bib-0047){ref-type="ref"} As sFlt1 neutralizes VEGF, additional VEGF blockade may not be effective in patients who have a high level of sFlt1 before therapy. However, it is suggested that sFlt1 is produced by endothelial cells, so‐called "phalanx cells," to finalize angiogenesis for maturation of neovasculature.[48](#cas12836-bib-0048){ref-type="ref"} Therefore, the monitoring of sFlt1 is a candidate approach for detecting blood vessel maturation.

Recently, it has been reported that Ang‐2 may be a predictive marker in antiangiogenic therapy.[49](#cas12836-bib-0049){ref-type="ref"}, [50](#cas12836-bib-0050){ref-type="ref"} Angiopoietin‐2 is one of the ligands for the receptor tyrosine kinase Tie2, which is expressed on endothelial cells.[49](#cas12836-bib-0049){ref-type="ref"}, [50](#cas12836-bib-0050){ref-type="ref"} Angiopoietin‐1 is an agonistic ligand for Tie2 and phosphorylates it; however, Ang‐2 does not activate Tie2 at any reasonable dose and therefore acts as an antagonist for Ang‐1. Activation of Tie2 induces endothelial‐to‐endothelial and endothelial‐to‐mural cell adhesion to increase the structural stability of blood vessels. Angiopoietin‐2 inactivates Tie2 to induce blood vessel instability, resulting in initiation of sprouting angiogenesis. Therefore, a high level of Ang‐2 indicates that sprouting angiogenesis is ongoing. In the tumor microenvironment, excessive amounts of proangiogenic factors induce immature blood vessels, and hypoxia persists due to poor perfusion. Angiopoietin‐2 is produced by endothelial cells under hypoxia, as observed for apelin. This suggests that angiogenesis‐related factors upregulated by hypoxia are general candidates for monitoring the normalization of tumor blood vessels. However, it is possible that gene transcription is negatively regulated in the tumor microenvironment in a manner that is different from normal organs. Therefore, we need to confirm whether factors upregulated under tissue hypoxia in the physiological situation are also upregulated in the tumor microenvironment. Here, we found that apelin expression is altered by hypoxia in the tumor microenvironment. Therefore, apelin can be used as a monitoring indicator to detect vascular normalization.

Bevacizumab seems not to affect transcription of the *HIF‐1*α gene (data not shown), whereas HIF‐1α protein levels showed a transient but significant decrease at day 5. Thus, bevacizumab may indirectly, through HIF‐1α activation, regulate the expression of apelin. It has been reported that VEGF increases apelin mRNA expression *in vitro*.[51](#cas12836-bib-0051){ref-type="ref"} Moreover, in a *Xenopus* model, VEGF overexpression upregulated apelin.[22](#cas12836-bib-0022){ref-type="ref"} Whether bevacizumab is directly involved in regulating apelin expression remains unknown. Our findings could be tested in the clinic, in order to allow a more rational application of bevacizumab in combination with chemotherapeutic agents. However, plasma apelin levels are positively correlated with body mass index in humans and increase in obese patients.[52](#cas12836-bib-0052){ref-type="ref"} In patients with heart failure, plasma apelin seems to increase in the early stages of disease progression[53](#cas12836-bib-0053){ref-type="ref"} but to decrease again later.[53](#cas12836-bib-0053){ref-type="ref"}, [54](#cas12836-bib-0054){ref-type="ref"} Therefore, the clinical usefulness of apelin to identify the normalization window in the tumor microenvironment needs to be analyzed in future work, taking into account the multiple influences on the transcriptional control of apelin expression. At present, a clinical trial to observe the serum apelin expression in cancer patients before and after bevacizumab treatment is underway under the direction of the members of the Anti‐Angiogenesis Biomarker Conference at Osaka University (Institutional Review Board authorization no. 11331‐2). It seems that apelin expression tends to decrease in patients who respond well to anticancer agents. Based on the precise data from this study, we will be able to discuss apelin expression more extensively in the near future.

Disclosure Statement {#cas12836-sec-0023}
====================

The authors have no conflict of interest.

We thank Ms. K. Fukuhara and Ms. N. Fujimoto for technical assistance. We also thank members of the Anti‐Angiogenesis Biomarker Conference, Osaka University (Drs. T. Kijima, T. Otsuka, S. Kin, T. Nakayama, T. Sato, D. Sakai, N. Hashimoto, N. Kagawa, S. Mabuchi, N. Tomiyama, M. Yanagawa, and T. Nojiri) for inspiring discussions. This work was supported by Grants‐in Aid for Scientific Research from the Ministry of Education, Culture, Sports, Science and Technology of Japan, the Japan Society for the Promotion of Science, and Grant‐in Research Center Network for Realization of Regenerative Medicine of Agency for Medical Research and Development.
